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Mammalian Cytosine DNA Methyltransferase Dnmt1: Enzymatic Mechanism, Novel
Mechanism-Based Inhibitors, and RNA-directed DNA Methylation
eljko M. Svedrui*
Department of Biophysics and Biochemistry, Washington State University, Pullman, WA 99164, USA
Abstract: This is a review of the enzymatic mechanism of DNA methyltransferase Dnmt1 and analysis of its implications on regulation
of DNA methylation in mammalian cells and design of novel mechanism-based inhibitors. The methylation reaction by Dnmt1 has different phases that depend on DNA substrate and allosteric regulation. Consequently, depending on the phase, the differences in catalytic
rates between unmethylated and pre-methylated DNA can vary between 30-40 fold, 3-6 fold or only 1 fold. The allosteric site and the active site can bind different molecules. Allosteric activity depends on DNA sequence, methylation pattern and DNA structure (single
stranded vs. double stranded). Dnmt1 binds poly(ADP-ribose) and some RNA molecules. The results on kinetic preferences, allosteric activity and binding preference of Dnmt1 are combined together in one comprehensive model mechanism that can address regulation of
DNA methylation in cells; namely, inhibition of DNA methylation by poly(ADP-ribose), RNA-directed DNA methylation by methylated
and unmethylated non-coding RNA molecules, and transient interactions between Dnmt1 and genomic DNA. Analysis of reaction intermediates showed that equilibrium between base-flipping and base-restacking events can be the key mechanism in control of enzymatic
activity. The two events have equal but opposite effect on accumulation of early reaction intermediates and methylation rates. The accumulation of early reaction intermediates can be exploited to improve the current inhibitors of Dnmt1 and achieve inhibition without toxic
modifications in genomic DNA. [1,2-dihydropyrimidin-2-one]-5-methylene-(methylsulfonium)-adenosyl is described as the lead compound.
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Cell differentiation [1], oncogenic transformation [2], viral
infection [3], and long term memory [4] are some of many physiological processes that have created a large interest in DNA methylation. DNA methylation is one of the first steps in epigenetic regulation [5]. Epigenetic regulation is a sequence of molecular events
that controls chromatin structure and supports functional organization of eukaryotic genome through cell divisions [6]. DNA methylation is attractive as a fundamental mechanism in functional organization of the human genome, and also as a promising target in
development of new drugs for cancer chemotherapy [7, 8], suppression of viral infections [3] and possibly mental illness [9]. DNA
methylation in mammalian cells is usually associated with five
methyltransferases: Dnmt1, Dnmt2, Dnmt3a, Dnmt3b and Dnmt3L.
This manuscript will cover Dnmt1, the most predominant DNA
methyltransferase in the mammalian cells, and the major target of
the current pharmaceutical interest.
Dnmt1 is crucial for keeping genomic integrity in higher eukaryotes [6] by preserving existing methylation patterns or by participating in the creation of new methylation patterns. The molecular mechanism that guides these two types of DNA methylation
events represent the two most basic questions in DNA methylation
research: how new methylation sites are created, and how existing
DNA methylation patterns are faithfully propagated through cell
divisions. In this manuscript we will analyze how enzymatic features of Dnmt1 can lead to different types of DNA methylation
events in cells. We will also describe enzymatic features and experimental challenges that make Dnmt1 a unique enzyme. We will
show how new insights in catalytic mechanism of Dnmt1 can lead
to novel design of mechanism-based (suicide) inhibitors.
In parallel with description of enzymatic properties of Dnmt1,
we are also interested in interactions between Dnmt1 and other
molecules that participate in DNA methylation. The last 10 years
have been devoted to the search for proteins that interact with
Dnmt1 as a part of the mechanism that controls DNA methylation
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in cells. A number of proteins that bind to Dnmt1 has been identified [10]. Briefly, Dnmt1 interacts with: i) proteins found at DNA
replication forks (such as PCNA [11]); ii) proteins involved in
chromatin organization (such as HDAC1/2 [12, 13], MeCp2 [14],
polycomb proteins [15], or UHRF1 protein [16]); iii) proteins involved in cell cycle regulation or response to DNA damage (such as
p21(WAF) [11], Rb protein [17], p53 protein [18], PARP1 [19]); iv)
with RNA polymerase II [20] and with some RNA binding proteins
[21]. Interestingly, this impressive array of interacting proteins can
not explain the mechanism that forms the versatile patterns of DNA
methylation that can be observed in different cells.
The interaction between Dnmt1 and different non-coding RNA
molecules could be the missing functional feature of Dnmt1 that
can explain formation of different patterns of DNA methylation.
Studies of the human genome showed that human complexity is
based on a surprisingly elaborate control of gene expression and an
unexpectedly small number of protein coding genes [22, 23]. In E.
coli approximately 98% of the genome is coding for proteins, in
humans only about 2% [22]. A large part of the human genome is
coding for different types of regulatory RNA molecules. Those
RNA molecules orchestrate gene expression through direct interaction with DNA, messenger RNA or chromatin proteins [22-24].
Interestingly, there are increasing evidences that non-coding RNA
molecules could control DNA methylation in cells. A very stabile
Dnmt1-RNA complex can be found in cell extracts [25, 26], and
RNA molecules can modulate catalytic activity of Dnmt1 [25].
Dnmt1 interacts in cells with several RNA binding proteins [21]
and with RNA polymerase II [20]. RNA polymerase II is involved
in synthesis of non-coding RNA molecules that regulate epigenetic
silencing [27]. RNA mediated DNA methylation was shown on
several occasions in plant cells [28, 29] and possibly in mammalian
cells [27, 30, 31].
Our ability to understand how interaction between Dnmt1 and
different proteins or non-coding RNA molecules affects DNA
methylation depends on our ability to understand the enzymatic
properties of Dnmt1. A nice general description of Dnmt1 was presented in the earlier reviews [5, 10, 32]. Briefly, Dnmt1 methylates
DNA at CG sites. Dnmt1 is a large single polypeptide about 1600
amino acids long; its precise length depends on the species and the
reading frame in specific cell type. The full-length Dnmt1 gene has
evolved as a fusion product of at least three different genes [33].
© 2008 Bentham Science Publishers Ltd.
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Dnmt1 is generally divided into a small catalytic domain at the C
terminal and a large regulatory domain at the N terminal [34]. The
two domains are connected by 12 Gly-Lys repeats. The catalytic
domain contains sequence motifs found in other AdoMet binding
proteins and sequence motifs found in the active site of other carbon 5 pyrimidine methyltransferases (generally known as motifs IIX [35]). It is unclear to what extent the target recognition domain
(i.e. target base binding domain) is a part of catalytic domain [36].
Multiple attempts to express the catalytic domain resulted in proteins that do not show enzymatic activity [10, 37]; however there is
a possibility that an active catalytic domain could be prepared by a
limited proteolysis of full-length Dnmt1 [34]. The large N-terminal
domain contains a number of sequence motifs with specific functions [5, 10]. Briefly, the large N-terminal domain contains a polybromo domain generally found in chromatin binding proteins [38],
a cysteine rich Zn-finger [34], a phosporylation site at Ser 514 [39]
that is located within the nuclear targeting domain [40], an Rb protein binding domain [41], and a PCNA binding sequence [11]. A
number of N terminal fragments have been expressed and purified
[37], however at this moment we do no know how to ascertain their
function. It appears that the first 580 amino acids on the N terminal
domain are not crucial for catalytic activity [37, 42]. Interestingly,
the fragment lacking the first 501 amino acids shows 3-10 fold
faster catalytic rates than wild type Dnmt1 with all DNA substrates
[42]. Thus, the N-terminal (regulatory) domain inhibits Dnmt1
activity with all DNA substrates. The enzymatic studies on mammalian Dnmt1 used murine [43-50] and human enzymes [42, 51,
52], the two enzymes share 78% sequence identity. The two enzymes have very similar catalytic rates [47], and some shared features in the allosteric regulation [47, 52], possible specific differences between the two enzymes remain to be identified.
SUBSTRATE SELECTIVITY AND ALLOSTERIC REGULATION OF DNMT1
Traditionally enzyme affinity for other molecules is described
in terms of binding preference (i.e. Kd, Ka or Ki) and kinetic preference (i.e. kcat/Km) [53]. Both, binding and kinetics preferences
have to be considered in Dnmt1 studies since initial results showed
that Dnmt1 has a high binding affinity for some regulatory molecules that are not substrates in methylation reaction [25, 44, 49, 51].
For DNA molecules that can be methylated by Dnmt1, the highest
methylation rates do not correlate with the highest binding affinity
[43, 45]. It appears that the binding preference and the kinetic preference depend on a combination of DNA sequence, methylation
pattern and DNA structure (i.e. single strand vs. double strand). In
the next few paragraphs we will summarize results from different
Dnmt1 studies that analyzed how DNA sequence, methylation pattern, and structure affect DNA binding affinity and catalytic properties of Dnmt1. We will also present a model mechanism that is most
consistent with experimental results, and we will discuss possible
implications of the presented model mechanism to DNA methylation in cells. In this section we will concentrate only on a descriptive analysis of Dnmt1 interaction with different DNA molecules.
The quantitative analysis will be presented in the last section of this
manuscript together with necessary precautions.
Binding Studies with Dnmt1
Binding affinity for specific DNA sequences was first measured
in studies that used short oligonucleotides that can bind only one
Dnmt1 molecule [43]. The binding studies with double strand unmethylated DNA showed that Dnmt1 has a noticeable preference
for CG-rich substrates [43]. The binding preference for CG-rich
substrates does not translate into kinetic preference, methylation
rates are slightly slower when the target CG site is imbedded in a
CG-rich sequence relative to an AT-rich sequence [45]. Dnmt1 also
binds a number of other molecules that can inhibit its catalytic activity but can not be its substrate in the methylation reaction.
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Namely, Dnmt1 binds poly(G), poly(dG)-poly(dC), poly(dA)poly(dT) [25], poly(dA-dT) [48], poly (ADP-ribose) [19], fully
methylated double strand DNA [49, 51], and methylated single
strand oligonucleotide [44]. Most of those binding interactions have
not been characterized quantitatively so we can not organize them
in the terms of binding selectivity. However initial results suggested
that DNA binding affinity by Dnmt1 can vary by several orders of
magnitude [43-45], depending on DNA length, sequence, methylation pattern, and structure (i.e. single strand vs. double strand).
Measuring interactions with low affinity substrates can be technically challenging [43].
Preexisting DNA Methylation and Dnmt1 Activity
Since the beginning of Dnmt1 research it has been known that
Dnmt1 shows higher catalytic rates with pre-methylated DNA relative to unmethylated DNA [54, 55]. Dnmt1 reaction with unmethylated and different pre-methylated DNA is still analyzed to this day;
discrimination between the two DNA substrates is viewed as a part
of the mechanism that separates maintenance methylation from de
novo methylation. Maintenance methylation and de novo methylation represent the two most basic questions in DNA methylation
research: how new methylation sites are created and what is the
mechanism that drives faithful propagation of existing methylation
sites through cell divisions. The current challenge is to organize
different Dnmt1 studies with pre-methylated and unmethylated
DNA in one comprehensive model mechanism.
It is striking to see how some specific changes in DNA methylation and DNA structure have very profound effects on Dnmt1
activity (Figs. 1 and 2). A single stranded 30 bp long oligonucleotide with one 5mCG site and a specific CG rich sequence is a potent
inhibitor of mouse Dnmt1 [44]. The inhibition is a genuine result of
a single strand DNA, since based on its sequence the inhibitory
oligonucleotide is unlikely to form higher order structures. Dnmt1
can not methylate the inhibitory oligonucleotide, rather the high
affinity interaction results in a potent allosteric inhibition of methylation reaction on different DNA substrates [44, 48]. Interestingly,
the high binding affinity and the potent inhibition can be observed
only when the inhibitory oligonucleotide is a single stranded DNA
with one 5mCG site. When the 5mCG site is replaced with a CG site
the result is a CG rich single stranded oligonucleotide that has orders of magnitude lower binding affinity and exceptionally slow
methylation rates [43, 44].
Other similar changes can convert the methylated single
stranded oligonucleotide from a potent inhibitor to different double
stranded oligonucleotides that actually support DNA methylation,
namely hemimethylated dsDNA, unmethylated dsDNA or fully
methylated dsDNA. If the inhibitory single strand oligonucleotide is
paired to be a double strand DNA, the result is a hemimethylated
DNA. Hemimethylated DNA has some of the highest methylation
rates [45, 51], no allosteric inhibition [47, 54], high processivity
[48, 50], and relatively moderate binding affinity for Dnmt1 [45].
Second, two changes can convert the inhibitor oligonucleotide to a
double stranded unmethylated DNA, 5mCG site can be replaced
with a CG site and the single strand oligonucleotide can be paired
to be a double strand DNA. Unmethylated double strand DNA
shows relatively slow catalytic rates [45, 51], a partial allosteric
inhibition [44, 47, 54], and a relatively moderate binding affinity
[43-45, 47]. As the last option, inhibitory oligonucleotide can be
paired with a complementary DNA strand carrying a 5mCG site to
form a double stranded fully methylated DNA. A fully methylated
oligonucleotide is not a substrate for Dnmt1, rather in the presence
of an excess of fully methylated oligonucleotide, Dnmt1 reaction on
unmethylated DNA becomes very similar to Dnmt1 reaction on
hemimethylated DNA (Fig. 1 in [49]).
The binding selectivity by Dnmt1 can be attributed to different
functions of its allosteric site (Fig. 1), though some key measure-
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ments are still needed to understand the actual mechanism. First,
the sequence specificity of these interactions has to be further determined. Second, based on the current data it is not clear whether
higher activity on unmethylated DNA in the presence of an excess
of fully methylated DNA [49, 51] is due to allosteric activation or
diminished allosteric inhibition by unmethylated DNA. The later
appears more likely. When an excess of fully methylated double
stranded DNA is added to a methylation reaction on unmethylated
DNA substrate, the resulting reaction shows close similarities to
methylation reaction on hemimethylated DNA substrate (Fig. 1 in
[49]). A hemimethylated DNA shows higher methylation rates than
unmethylated DNA (in part?) due to lack of allosteric inhibition
[44, 45, 47, 54].
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Dnmt1 footprint on its DNA substrate based on oligo affinity studies [45]). Dnmt1 interaction with proximally methylated dsDNA,
fully methylated dsDNA and methylated ssDNA are different functions of its allosteric site (Fig. 1). These allosteric interactions make
Dnmt1 more responsive to pre-methylated DNA in comparison to
the bacterial enzymes that can recognize only the difference between unmethylated and hemimethylated substrates. In summary,
methylation reaction by Dnmt1 can take place on three different
DNA substrates (unmethylated, hemimethylated and premethylated dsDNA); and each substrate can be combined with one
of four different allosteric regulators (fully methylated dsDNA,
hemimethylated dsDNA, unmethylated dsDNA, methylated
ssDNA). We need to specify the physiological importance for each
of these interactions.
Model Mechanism for DNA Methylation by Dnmt1 in Mammalian Cells

Fig. (1). DNA binding at the active site (small oval) and the allosteric
site (large oval) on Dnmt1 (the arrows indicate ongoing methylation reaction, the squares indicate new methylation sites). In a case of simultaneous
binding, DNA binding at the active site leads to obligatory binding of the
adjacent DNA site at the enzyme’s allosteric site. The active site is methylating DNA, the allosteric site is sensing existing methylation. One example
of such mechanism is DNA polymerase were the catalytic domain and the
proofreading domain act simultaneously in creating and proofreading nascent DNA strands. In the case of independent binding, DNA binding at the
active site does not necessarily lead to DNA binding at the allosteric site.
The allosteric site and the active site do not need to bind adjacent DNA
sites, and allosteric regulation can come from completely different DNA
molecule, RNA molecule, or some distant site on the same DNA molecule.
The model mechanism with two independent DNA binding sites is most
consistent with experimental data. Namely, presented model can explain
regulation of Dnmt1 activity by DNA molecules than can not be substrates
for Dnmt1, like single strand oligo nucleotide with one 5mC site [44], double
strand fully methylated DNA [49, 51], or poly(dA)-poly(dT), poly(G),
poly(dC)-poly(dG) [25], or poly(dA-dT) [48]. The model mechanism with
two independent DNA binding site can also explain uncompetitive inhibition with single strand oligonucleotide [44], and pulse-chase processivity
experiments where different DNA molecules added as a chase have different
effects on ongoing processivity at the active site [48]. Finally, the model
mechanism with two independent sites can explain why changing the distance between target CG site and proximal 5mCG site from 3 to 18 bases did
not affect measured enzyme activity [124]. Simply, the target CG site binds
at active site while 5mCG site from another DNA molecule binds at the allosteric site making the distance between 5mCG site and the target CG site
irrelevant. Interestingly, a complex between Dnmt1 and two DNA molecules has never been observed in binding studies [43]. This is due to limited
research on this problem, but also, there is a possibility that such complex is
only transient and its existence can be detected only by kinetics studies [47].

The presented examples also indicated that we have to look at
differences between pre-methylated and unmethylated DNA, rather
than differences between hemimethylated and unmethylated substrates as it is often presented in the literature (Fig. 1). Premethylated DNA would include hemimethylated dsDNA, proximally methylated dsDNA, fully methylated dsDNA, and methylated
ssDNA. In hemimethylated DNA the target CG site is paired with
5m
CG site; Dnmt1 methylates hemimethylated sites during DNA
replication in order to propagate methylation patterns from the old
DNA strand to the new DNA strand (i.e. maintenance methylation).
Proximally methylated substrates are not well defined, a loose definition could be: DNA substrates where the target CG site and 5mCG
site are positioned within 3 to 30 base pairs (what could be one

The presented mechanism (Figs. 1 and 2) can be used to construct a model for Dnmt1 activity in cells. The best explanation for
the presented experimental data is a model mechanism where the
active site and the allosteric site bind DNA independently (Fig. 1).
Precisely, the active site binds the substrate DNA and the allosteric
site binds the “regulatory DNA molecules”. The “regulatory DNA
molecules” control progress of ongoing catalysis at the active site
(Fig. 2). The progress of ongoing catalytic activity depends on
DNA bound at the active site and on DNA bound at the allosteric
site (Fig. 2). In process of DNA methylation Dnmt1 is moving over
genomic DNA as a part of the replication fork [11], or as a part of
some other DNA-methylating complex. The catalytic domain is
bound to the substrate DNA while its activity is regulated through
the allosteric site that is open for interaction with different regulatory molecules (Fig. 2). Allosteric regulation can support catalytic
activity and a high processivity (Fig. 2, complex 1b or 2b), or it can
fully or partially inhibit catalytic activity (Fig. 2, complex 1c, 2c,
1a, 2a ) eventually leading to DNA dissociation and lower processivity [48]. Interestingly, the presented mechanism of allosteric
regulation is consistent with the recent study showing that DNA
methylation in mammalian cells is based on a series of transient
interactions between Dnmt1 and genomic DNA [56].
In the introduction we summarized the arguments that in cells
non-coding RNA molecules or poly(ADP-ribose) could regulate
activity of Dnmt1 by binding at the allosteric site just as described
for different DNA molecules (Figs. 1 and 2). Currently we understand only allosteric regulation by DNA molecules (Fig. 2), given
that biochemical studies to this date used only DNA molecules. For
example, Dnmt1 inhibition by poly(dA) and poly(dA-dT) was initially very surprising [25, 48] until it was shown that DNA methylation and Dnmt1 can be inhibited by poly(ADP-ribose) [19].
Poly(ADP-ribose) is a cellular response to DNA damage [57], and
it is possible that poly(dA) and poly(dA-dT) mimic poly(ADPribose) in their binding to Dnmt1. In cells, Dnmt1 inhibition by
poly(ADP-ribose) can prevent DNA methylation and subsequent
chromatin compaction. This could assure that DNA damage is accessible and repaired by DNA repair proteins before the damage
site is packed in compact chromatin structures [57-59]. Interestingly, it appears that the poly(ADP-ribose) can compete with single
stranded and double stranded DNA in binding to Dnmt1 [19].
Similar to the presented control of Dnmt1 activity by DNA
molecules (Fig. 2), non-coding RNA molecules could control catalytic activity of Dnmt1 based on their sequence, methylation pattern, and structure (single strand vs. double strand). The correlation
between structure and function of non-coding RNA molecules is
described in the literature [27, 28]. The possible methylation of
non-coding RNA molecules could be attributed to specific RNA
methyltransferases that are an integral part of DNA methylation
machinery. Recent studies have shown that Dnmt2 can be an RNA
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Fig. (2). Allosteric regulation of Dnmt1 (catalytic domain (small oval), regulatory domain (large oval), DNA (helix), 5mC sites (), ongoing catalysis (gray
arrows)). The aim of this figure is to provide a model mechanism that can summarize interactions between Dnmt1 and different DNA molecules, different
features of allosteric regulation of Dnmt1, and ultimately regulation of DNA methylation in cells. There are three types of allosteric regulation of Dnmt1;
i) fully inhibition (1c and 2c), such as inhibition by single strand oligo inhibitor with one 5mC site [44], poly(dA-dT) [48] and probably other inhibitory sequences such as poly(ADP-ribose) [19], poly(dA)-poly(dT), poly(dG)-poly(dC), poly(G) [25];
ii) inhibition by unmethylated DNA, such as partial inhibition of ongoing catalysis on unmethylated substrate (1a, [44, 47, 48, 54]) and full inhibition of ongoing catalysis on pre-methylated substrates (2a, [48]);
iii) allosteric regulation by fully methylated (1b, [49, 51]) and pre-methylated DNA (2b, [47, 54]).
Every allosteric complex can have different physiological function. The reaction “active on unmet-DNA” (1) could represents de novo methylation and its
different forms of allosteric regulation (1a, 1b, and 1c). The reaction “active on premet-DNA” (2) could represent maintenance methylation and its different
forms of allosteric regulation (2a, 2b, and 2c). For example, inhibition by poly(ADP-ribose) [19] can stop ongoing methylation reaction in a case of DNA damage, a potent inhibition by the single stranded DNA with one 5mC site [44] can also stop ongoing DNA methylation but its trigger mechanism is not known.
Interestingly, it appears that a single stranded DNA can compete with poly(ADP-ribose) in binding to Dnmt1 [19]. Complex 2b, has the highest activity [45,
51] and the highest processivity [50]. Most likely it is a part of maintenance methylation mechanism when the target is a hemimethylated site, or a part of
methylation spreading mechanism when the target is a proximally methylated site. Complex 1b, has activity similar to complex 2b (Fig. 1 in [49]) and its function can be de novo methylation. Both complex 1a and 2a can inhibit DNA methylation [44, 47, 48] but not with the high potency that can be observed in the
presence of ssDNA with one 5mC site [43-45]. With complex 1a there is only a partial inhibition, partitioning between two enzyme forms (see (Fig. 9) in this
text), and an increase in DNA dissociation rate [48]. Nothing is known about complex 2a, except that initial studies suggested that it is inactive [48]. In sum,
the allosteric regulation can support catalytic activity and a high processivity (complex 1b or 2b), or it can fully or partially inhibit catalytic activity (Fig. 2,
complex 1c, 2c, 1a, 2a ), possibly leading to DNA dissociation and lower processivity [48]. Interestingly, the presented mechanism of allosteric regulation can
be the molecular mechanism that is driving the series of transient interactions between Dnmt1 and genomic DNA during DNA methylation in cells [56].

methyltransferase that is active in cytosol and methylates transfer
RNA for aspartate [60]. However, additional biochemical studies of
substrate specificity are needed to determine if a large excess of
tRNA could have overwhelmed the enzymatic activity with noncoding RNA molecules that are expressed only transiently and (or)
only as a small fraction of the total RNA.
It is often difficult to identify and characterize new non-coding
RNA molecules due to their “transient and subtle” function [22, 23,

27, 61]. The same challenge can face the future studies of noncoding RNA molecules that control DNA methylation. Interestingly, a very stabile Dnmt1-RNA complex is routinely observed in
cell extracts during Dnmt1 purification from mouse erithroleuchemia cells [26] or HeLa cells [25]. Dnmt1-RNA complex that is
present in cell extracts can be used for the identification of noncoding RNA molecules that control DNA methylation. Dnmt1RNA complex can be isolated from different cells, or from the same
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cells in different stages of the cell cycle. The cells can be different
cell lines grown in culture, cells isolated from specific organs, or
cells isolated during cell differentiation in embryonic tissues. The
prepared RNA molecules can be characterized based on their effect
on Dnmt1 activity in terms of their sequence, methylation pattern
and structure (single strand vs. double strand). The result of such
effort will be an “RNA-methylome-epigenome”, a genomic map of
non-coding RNA molecules that control DNA methylation and
associated epigenetic processes. Different RNA molecule that form
the “RNA- methylome-epigenome” could be used in standard transfection protocols to selectively manipulate DNA methylation in
cells. Similar strategy was used in the past with the single stranded
DNA-oligonucleotide inhibitor of Dnmt1 [44].
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ing cytosine analogues so that DNA methyltransferases can form
the covalent adduct intermediate (Fig. 3, 2) and undergo suicide
inhibition without toxic damages in genomic DNA [65].

TARGET BASE ATTACK, BASE FLIPPING AND NOVEL
MECHANISM-BASED (SUICIDE) INHIBITORS

Searching for new insights in design of suicide inhibitors recent
studies have analyzed formation and stability of the covalent adduct
intermediate (Fig. 3. 2) with Dnmt1 [47] and bacterial enzyme
M.HhaI [66]. Comparative analysis of Dnmt1 and M.HhaI can be a
productive approach. Unlike Dnmt1, M.HhaI has been a subject of
extensive structural, enzymatic, and computational studies (over
120 studies). Dnmt1 and M.HhaI share many of the fine features in
catalytic mechanism but differ in catalytic rates by one to two orders of magnitude [47]. Similar catalytic features and a large difference in catalytic rates can be explained by the initial observations
indicating that for both enzymes the early catalytic intermediates
accumulate as a “fast equilibrium” prior to the rate limiting methyltransfer step (Fig. 4A, [47, 66]).

The majority of Dnmt1 studies have analyzed Dnmt1 activity
with different DNA substrates and Dnmt1 interaction with other
proteins. Very few studies have analyzed catalytic intermediates of
Dnmt1. Inhibition by 5-florocytosine [62], 3H exchange reaction
[47], and the conserved sequence motifs [35] indicated shared catalytic steps between Dnmt1 and the previously characterized carbon
5 pyrimidine methyltransferases [63]. 5-fluorouracil is a wellknown drug that is based on the catalytic mechanism of carbon 5
pyrimidine methyltransferases [64]. 5-fluorouracil is a cell growth
inhibitor that specifically targets thymidylate synthase at low concentration and RNA at higher concentration [64]. Similar to 5fluorouracil, 5-fluorocytosine, 5-aza-cytosine and 1,2-dihydropyrimidin-2-one (zebularine) act as mechanism-based (suicide)
inhibitors that trap the covalent adduct intermediate (Fig. 3, 2) with
all cytosine C5 DNA methyltransferases including Dnmt1 [7, 62]. In
contrast to 5-fluorouracil, the cytosine analogues are randomly
incorporated in genomic DNA, which leads to excessive DNA
damage and a high toxicity [7]. A challenge is to modify the exist-

A number of M.HhaI studies suggested that the early reaction
intermediates form a fast equilibrium [66-69]. Recent studies
showed that a dynamic equilibrium between base flipping and base
restacking events can control specificity of other base flipping enzymes [70, 71]. Interestingly, the full implications of the “fast equilibrium mechanism” on catalytic features of DNA methyltransferases have not been described. Thus, we will describe the properties of a dynamic equilibrium mechanism using numerical simulation and extensive experimental information available for bacterial
methyltransferase M.HhaI. The basic principles of “fast equilibrium” kinetics have been described in some of the well-known enzymology and enzyme kinetics textbooks (p. 177 in [53]). Briefly,
“accumulation” of each intermediate is determined by the ratio
between the “rate of formation” and the “rate of reversal” for all
steps that participate in the equilibrium. In the case of DNA methyltransferases, the early reaction intermediates accumulate as a fast
equilibrium prior to the rate limiting methyl-transfer step (Fig. 4A)
[47, 66]. Thus, methylation rate simultaneously depends on

Fig. (3). Cytosine methylation and deamination by cytosine carbon 5 DNA methyltransferases. Inhibition by 5-florocytosine [62], 3H exchange reaction
[47], and the conserved sequence motifs [35] indicated shared catalytic steps between Dnmt1 and the previously characterized carbon 5 pyrimidine methyltransferases [63]. The target base forms asymmetric hydrogen bonds with the conserved active site residues (1). This facilitates polarization of the target base
and a nucleophilic attack by the active site cysteine (1 -> 2). The result is unstable covalent adduct intermediate (2). The covalent adduct intermediate can
rapidly revert back to cytosine (2 -> 1) [47], or it can be slowly methylated (2 -> 3), or protonated (2 -> 3) [47, 91]. Protonation of the target base can increase
cytosine deamination (4 -> 7) rates by at least four orders of magnitude [63], consequently the enzyme has to protect the activated target base from proton
donors to prevent mutagenic conversion of cytosine to uracil (4 -> 7) [66, 97]. The pKa of carbon 5 on the activated target base (2) can vary between 11 and 18
depending whether nitrogen 3 is protonated or not [90]. Consequently uncontrolled solvent influx in the active site can be the main cause of catalytic deamination [47, 66]. Balancing water access to the activated target base is one of the key functions for cytosine DNA methyltransferases, water is a part of the elimination step that follows the methyl-transfer step (2 -> 3), but also, water can trigger mutagenic deamination. Initial studies suggested that for both Dnmt1
and bacterial enzyme M.HhaI, carbon 5 on the activated target base is protected from solvent molecules by the cofactor and by enzyme-DNA interaction (as
exemplified by the active site loop in M.HhaI) [47, 66].
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Fig. (4) A-F). The properties of a dynamic equilibrium between early catalytic intermediates can be illustrated using numerical simulations [75] and available
experimental data measured with the bacterial enzyme M.HhaI [66, 69, 73, 105]. (A) DNA methyltransferases have four major catalytic intermediates that
accumulate as a fast equilibrium prior to the slow methyl-transfer step [47, 66]. (B) Catalytic intermediates can be described with symbols and individual steps
can be assigned rate constants in sec-1 (for k2 to k8) or M-1sec-1 (for k1). The simulation used catalytic rates measured with bacterial enzyme M.HhaI [66, 69,
73, 105] to take advantage of numerous kinetic, structural and computational studies of M.HhaI. Initial studies suggested that both M.HhaI and Dnmt1depend
on the fast equilibrium mechanism [47]. We simulated time profiles for early reaction intermediates (C), and for the three most common experiments, namely:
(D) base flipping studies with fluorescence base analogues [68]; (E) single turnover methylation reaction [73, 105]; and (F) pre-steady state burst in methylation reaction [66, 69, 73, 105]. In all simulations the rate constants were kept as indicated in panel B, except that in panels D to F the base restacking rate varied
between 70, 700, 2100, 3500 sec–1.
Simulation shows that the early catalytic intermediates will equilibrate within 30 milliseconds (C-D), while the pre-steady state methylation step is completed
in 30 sec (E-F), or thousand times slower. Most importantly, regardless of thousand-fold difference in the relative rates, a change in base restacking rates leads
to a change in methylation rates. The change in methylation rates is almost proportional to the change in base restacking rate as long as base flipping and base
restacking rates are in equilibrium (i.e. changing the base restacking rate from 700 to 2100 sec-1, gives bigger response in methylation rates than changing the
rates from 700 to 70 sec-1 or from 2100 to 3500 sec-1). A slower base restacking rates lead to a faster pre-steady methylation rates due to more favorable accumulation of the early reaction intermediates (FS and F’S) (D). Thus, base restacking can affect methylation rates, even though base restacking is considered
to be a product release step, and even though there was no change in base flipping rate.
The rate constant for methyl-transfer step (k7) was chosen to be 0.21 sec-1 (750 h-1) based on the average values from pre-steady state studies of M.HhaI [73,
105]. The base flipping rate constant (k3) was chosen to be similar to the rates observed in “base flipping” studies with fluorescent base analogues [68]. Notice
that “base flipping” studies with fluorescent base analogues do not measure the actual base flipping rate (k3), but the rates of equilibration between intermediates with intra-helical and extra-helical base (i.e. [ES] vs. [FS]+[F’S]+[EP]). The actual “base flipping” rates can be much higher than the observed change in
fluorescence and any process that can change the rate of equilibration between different intermediates can appear as an increase or a decrease in the “baseflipping” rate (D). Thus, all early rate constants (k1 to k6) were chosen to be comparable to the rates measured in fluorescence “base flipping” studies. Also, to
achieve equilibrium between early reaction intermediates the difference between forward and back step has to be always less than an order of magnitude. For
panels (C-E) the chosen enzyme and DNA concentration correspond to single turnover experiments; [E] = 200 nM, [DNA] =100 nM, Kd(E-DNA)= 20 nM =
(k-1/k1). For panel (F) the chosen concentrations correspond to pre-steady state burst experiments [E] = 200 nM, [DNA] =1000 nM, Kd (E-DNA)= 20 nM = (k1/k1).
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“concentration of the accumulated reaction intermediates” and on
the rate-limiting methyl-transfer step (i.e. methylation rate constant
= methyl-transfer rate constant multiplied by concentration of intermediate 2 (Fig. 3)). Notice the difference between methylation
rate (i.e. formation of 5mC in time) and methyl-transfer rate (Fig. 3
2->3). Also notice that “concentration of the accumulated reaction
intermediates” and the rate limiting “methyl-transfer step” can affect the methylation rates independently.
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transition state intermediate in the methyl-transfer step (Fig. 3, 2>3); i.e. the 2-pyrimidinone ring is positioned as the “flipped-out”
target base and the methylsulfonium-adenosyl part is positioned as
methylsulfonium-adenosyl parts of AdoMet. Interestingly, presented inhibitor is somewhat structurally similar to earlier described
inhibitors of AdoMet decarboxylase [84-86].

The idea that there is a dual control of catalytic activity is supported by experimental observations. For example, different
M.HhaI studies showed that small changes in base flipping mechanism result in proportional changes in methylation rate [68, 69, 72,
73]. Thus, the base flipping events can affect catalytic rates even
though there is a general consensus that the base flipping is orders
of magnitude faster than methylation reaction [68, 69, 74]! Furthermore, similarities between Dnmt1 and M.HhaI appear to be a
result of a conserved catalytic mechanism in the active site (Fig. 3,
[47]), while large differences in catalytic rates appear to be a result
of unexplored differences in accumulation of early catalytic intermediates (i.e. base flipping/base restacking steps, Fig. 4A).
Numerical analysis [75] can be used to illustrate how changes
in any of the equilibrium steps affect catalytic activity (Fig. 4).
Analysis of base restacking is a very good illustration of the basic
principles of the equilibrium mechanism. Studies usually concentrate on base flipping events and base re-stacking is considered as a
product release step that is not involved in the actual target base
attack. However, if there is a fast equilibrium between base flipping
and base restacking steps, those two steps have opposite effects on
methylation rates that are equal in magnitude (Fig. 4D-F). The results of numerical analysis are consistent with available experimental data (Fig. 5). More of such examples are likely to come in the
future as base flipping and base restacking steps receive equal attention.
Novel Mechanism-Based Inhibitors Can Mimic Accumulation
of Early Reaction Intermediates
Accumulation of early catalytic intermediates in a fast equilibrium represents a new opportunity for design of mechanism-based
(suicide) inhibitors. The new mechanism-based inhibitors can be
designed to look like intermediates in the second (slow) phase of
catalysis (Fig. 4A). Thus, the suicide inhibition steps can be separated from the fast DNA binding steps and inhibition can be
achieved without toxic modifications in genomic DNA. 1,2dihydropyrimidin-2-one-5-methylene-(methylsulfonium)-adenosyl
(Fig. 6, 1) is a structure designed with a desire to initiate suicide
inhibition in the absence of DNA. When positioned in the active
site, the 1,2-dihydropyrimidin-2-one ring (or shortly 2pyrimidinone ring) can form hydrogen bonds with the conserved
Glu and Asp residues and these interactions can initiate nucleophilic attack by the active site cysteine (Fig. 6, 2 -> 3 -> 4 and [76,
77]). Unlike 5-fluorocytosine and 5-aza-cytosine, 2-pyrimidinone
does not require methyl-transfer for enzyme entrapment [76-78].
Thus, the 2-pyrimidinone ring is attached at the carbon 5 to methylene-methylsulfonium-adenosyl part of AdoMet (Fig. 6, 1). Based
on conserved sequence motifs [35] and catalytic similarities between M.HhaI and Dnmt1 [47], we can predict that the adenosyl
part of AdoMet could position the 2-pyrimidinone ring in the enzyme active site. Precisely, a number of M.HhaI studies [47, 66, 7982] and initial Dnmt1 studies [47] showed that adenosyl derivatives
can interact with cytosine methyltransferases in the same orientation as the corresponding parts in AdoMet [83]. Adenosyl part of
AdoMet forms 5 out of 8 conserved hydrogen bonds between
AdoMet and DNA methyltransferases [83], 2-pyrimidinone can
form at least 3 hydrogen bonds with the conserved active site residues (Fig. 6 and [77]). That is total of 8 hydrogen bonds between
the enzyme and the inhibitor. The presented inhibitor looks like

Fig. (5). Pre-steady state burst in methylation reaction with bacterial
enzyme M.HhaI and poly(dG-dC) (O) and poly(dI-dC) (+) substrates.
Pre-steady state burst can be used to show how base restacking and a fast
equilibrium between early catalytic intermediates control methylation rates.
M.HhaI shows a pre-steady state burst in methylation reaction [73, 105], the
pre-steady state burst phase represents steps leading to methyl-transfer step
(Fig. 4A) and the subsequent linear steady state phase represents product
release steps (i.e. AdoHcy release [108], base restacking and loop opening
[66, 69]). Studies that analyzed interactions at the active site loop [66, 69]
showed that a decrease in stability of the active site loop will lead to a decrease in catalytic rates; interestingly the rate decrease affects pre-steady
state burst phase more than the slow product release phase [66, 69]. As one
example, here we show pre-steady state burst in M.HhaI reaction with
poly(dG-dC) () and poly(dI-dC) (o). In comparison to GCGC sequence,
ICIC sequence has unstable active site loop [66] due to missing hydrogen
bond between Ile86 on the active site loop and G that is in 5’ position relative to target C [125]. Interestingly, when compared to GCGC sequence,
ICIC sequence shows slower pre-steady state rates (65 ± 8 h-1 vs. 140 ± 20 h1
) but faster steady state rates (65 ± 8 h-1 vs. 40 ± 4 h-1). Thus, changes in the
active site loop and base restacking affect the start of methylation reaction
(Fig. 4A) even though those two events are part of product release. That is
one of the expected features in mechanism that is controlled by a fast equilibrium between base restacking and base flipping rates (Fig. 4C-F).
Methylation rates were measured using 21 nM M.HhaI, 10 M 3H-AdoMet
(68 000 cpms/pmol) and 10 M bp poly(dG-dC) or poly(dI-dC). Additional
details about reaction conditions are given in the reference [66].

If necessary the proposed inhibitor can be modified to improve
its specificity, binding affinity, reactivity and overall pharmacokinetic properties. For example, as with AdoMet decarboxylase inhibitors, methyl-sulfonium part in presented inhibitor can be replaced with sulfo (–S-), methylene (-CH2-), amino (-NH-) or oxy (O-) group. These modifications can change the binding affinity and
the rate of inactivation by: i) changing interaction between the 2pyrimidinone ring and the conserved residues in the active site; and
by ii) changing electronic structure of the 2-pyrimidinone ring to
alter its susceptibility to nucleophilic attack by the active site cys-
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teine (Fig. 6, 2 -> 3 -> 4). Furthermore, short chain fragments can
be attached at nitrogen 1 of 2-pyrimidinone ring to increase binding
specificity and affinity. These fragments would mimic the glycosidic part(s) on DNA as suggested in a recent study of uracilglycosylase inhibitors [87]. Precisely, AdoMet is the most widely
used cofactor in cells after ATP [88], and methyl-sulfoniumadenosyl parts in the presented inhibitor could bind to every protein
that has the conserved AdoMet binding domain. In the proposed
inhibitor, the specificity for cytosine DNA methyltransferase comes
from: i) the suicide inhibition steps (Fig. 6, 2 ->3 -> 4) that can take
place only when the 2-pyrimidinone ring forms hydrogen bonds
with the conserved active site residues that are found only in cytosine methyltransferases; and from ii) steric hindrance that can be
caused by 2-pyrimidinone ring (and its derivatives) when the
adenosyl part binds to other AdoMet dependent enzymes. Adding
specific short chain fragments at nitrogen 1 of 2-pyrimidinone ring
can provide additional steric interference that can prevent nonspecific interactions, and also, in some cases it can further increase
reactivity of the suicide inhibition steps (Fig. 6, 2-> 3 -> 4). Finally,
additional increase in binding specificity can be achieved by eliminating some of the 5 hydrogen bonds that could form between
adenosyl part of the inhibitor and the conserved AdoMet binding
domain. As indicated earlier, there could be 8 hydrogen bonds between the inhibitor and Dnmt1; three of those hydrogen bonds are
specific for the active site residues found only in cytosine DNA
methyltransferase, while the remaining five hydrogen bonds can be
found in other enzymes that bind AdoMet.
Fast-Equilibrium as a General Mechanism of Control of Enzymatic Activity of DNA Methyltransferases
Interestingly, based on the current findings it appears that a fast
equilibrium between the early reaction intermediates can be the
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principal mechanism of control of catalytic activity in the evolution
of DNA methyltransferases. For example with Dnmt1, the preference for pre-methylated substrates relative to unmethylated substrate appears to be primarily due to more favorable accumulation
of the early catalytic intermediates (Fig. 4A) and thus faster target
base attack [47]. Also, differences in catalytic rates between
M.HhaI and Dnmt1 appear to be primarily due to differences in
accumulation of the early reaction intermediates [47]. There is a
very good reason why differences in catalytic activity originate
from differences in accumulation of early reaction intermediates
rather than from changes in the rate-limiting methyl-transfer step
(Fig. 3, 2 -> 3). Electrophilic addition of a methyl group to a conjugated pyrimidine ring is chemically challenging process especially
in an aqueous medium [89]. Target base attack by the active site
cysteine (Fig. 3, 1 -> 2) and the subsequent methyl-transfer step
(Fig. 3, 2 -> 3) require specific orientation between the active site
residues and the target base in combination with specific electron
distribution within the pyrimidine ring [90, 91]. In addition there is
a permanent risk of mutagenic deamination by competing water
molecules (Fig. 3, 2->7). Thus, controlling catalytic activity by
modulating catalytic steps in the active site is not a flexible option
in enzyme regulation or enzyme evolution. Consequently it is not
surprising that pyrimidine methyltransferases have a highly conserved catalytic mechanism, conserved active site residues [35],
exceptionally slow catalytic rates, and the methyl-transfer step as
the rate-limiting step [47]. On the other hand, the equilibrium between early reaction intermediates is a highly flexible control
mechanism. The equilibrium between base-flipping and baserestacking steps can change simply by changing the difference in
free energy (G) of enzyme-DNA complex with base-in and baseout of the DNA helix (i.e. the extent of enzyme-DNA interaction
with base-in and base-out of DNA helix). Thus, it comes as no surprise that there is no a highly conserved base flipping mechanism

Fig. (6). 1,2-dihydropyrimidin-2-one-5-methylene-(methylsulfonium-adenosyl), a novel suicide inhibitor of DNA methyltransferases based on zebularine and
AdoMet structures. 1,2-dihydropyrimidin-2-one-5-methylene-(methylsulfonium)-adenosyl (1) is designed with desire to initiate suicide inhibition in the absence of DNA. When positioned in the active site, 1,2-dihydropyrimidin-2-one ring can form hydrogen bonds with conserved Glu and Asp residues initiating a
nucleophilic attack by the active site cysteine (2 -> 3 -> 4 and [76, 77]). Unlike 5-fluoro-cytosine and 5-aza-cytosine, 1,2-dihydropyrimidin-2-one does not
require methyl-transfer for enzyme entrapment [76-78]. Thus, 1,2-dihydropyrimidin-2-one ring is attached at carbon 5 to methylene-(methylsulfoniumadenosyl) part of AdoMet (1). Based on conserved sequence motifs and catalytic similarities between M.HhaI and Dnmt1 [47], we can predict that adenosyl
part of AdoMet could position 1,2-dihydropyrimidin-2-one ring in the enzyme active site. Actually, the presented inhibitor looks like transition state intermediate(s) during the methyl-transfer step; i.e. 1,2-dihydropyrimidin-2-one ring is positioned as the “flipped-out” target base and sulfonium-adenosyl is positioned as sulfonium-adenosyl parts of AdoMet. Additional information about the mechanism of inhibition and inhibitor specificity is provided in the main text.
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[92, 93]. Also as a general principle, in small molecule enzymology
the enzyme’s specificity is controlled by its binding affinity to its
substrate; in nucleic acid enzymology, enzyme specificity is not
controlled by its binding affinity to DNA, but by conformational
changes that trigger catalysis at specific DNA site [94, 95].
Dnmt1 and Mutagenic Cytosine Deamination
Cytosine deamination at DNA methylation sites is a common
mutation that can result in oncogene activation [96]. Interestingly,
CG sites are significantly underrepresented in the mammalian genome, except for CG islands that are target of DNA methylation
[96]. Thus, it is likely that mutagenic deamination at DNA methylation sites had a direct effect on the evolution of human genome.
Bacterial DNA methyltransferases can catalyze cytosine deamination [79, 80, 97], the question is to what extent is deamination reaction catalyzed by mammalian DNA methyltransferases. Cytosine
deamination depends on solvent access to the activated target base
([66] and Fig. 3, 2 -> 7). Crystal structures of bacterial enzyme
M.HhaI suggested that solvent can penetrate in the active site where
it can take part in elimination step that follows the methyl-transfer
step ([98, 99], Fig. 3, 3). AdoMet and AdoHcy can block harmful
solvent access in the active site [66] and block mutagenic deamination [79, 80, 97]. Interestingly, bacterial enzyme M.HhaI has a high
rate of target base attack in the absence of cofactor. This makes the
activated target base especially susceptible to solvent molecules
[66, 100], and it comes as no surprise that the highest deamination
rates are observed in the absence of cofactor [97]. It appears that
Dnmt1 does not attack its target base in the absence of AdoMet
[47]. This can make Dnmt1 much less likely to be mutagenic than
the bacterial enzymes, and interestingly, the earlier cell-based studies came with the similar conclusion [101].
The difference in target base attack in the absence of cofactor
might reflect physiological function of these enzymes. In a case of
limiting nutrition and limiting AdoMet, mutations caused by
deamination might not be lethal to bacteria yet they can increase
bacterial chances to evade lethal digestion of its DNA by phage
endonucleases. Thus, there could be a physiological advantage for
bacterial cells if bacterial methyltransferases have evolved a parallel function as opportunistic deaminases. In difference to bacterial
cells, mammalian cells are unlikely to benefit from mutagenic
deamination by DNA methyltransferase.
ASSAY DESIGN AND QUANTITATIVE ANALYSIS OF
CATALYTIC ACTIVITY BY DNMT1
A majority of publications in enzyme kinetics and design of enzyme assays is written for small molecule substrates. Nucleic acid
enzymology is a different challenge, DNA is a complex polymer,
and the differences between “substrate DNA” and “product DNA”
are subtle and specific for each enzyme group. For example, polymerases, helicases, topoisomerases, ligases, nucleases, or DNA
methyltransferases have different interaction with “substrate DNA”
and “product DNA”, consequently enzyme assays and kinetics
analysis have to be adapted for each enzyme group. The challenges
mostly affect quantitative analysis of assay design and data interpretation. Different experimental challenges are usually met as a
“work in progress”, and occasionally there is a need for a review
that can serve as a reference point between different studies. It this
section we would like to review different challenges in quantitative
analysis of catalytic activity by Dnmt1. Also, we would like to give
a brief description of some of the most common assays that can be
used for Dnmt1 studies. The aim is to provide a reference point for
quantitative analysis of the future and the previously published
studies of Dnmt1. This section will primarily cover technical aspects of assay design and quantitative data interpretation.

Fig. (7). Dnmt1 (350 nM), initial turnovers in methylation reaction with
unmethylated () and pre-methyalted () poly(dG-dC) (10 μM base pairs).
We use these two reactions as a simple model system to illustrate some of
the main features that define complex catalytic mechanism of Dnmt1. Consistent with previous studies [45, 47, 50-52], both reactions have exceptionally slow catalytic turnovers that allow us to see different steps in catalytic
cycle. Nonlinear reaction profiles indicate that multiple events are taking
place simultaneously. First, we have to identify individual catalytic cycles
(turnovers), i.e. the time it takes the reaction to produce 5mC sites in one
equivalent of enzyme concentration (every 350 nM). The first turnover with
poly(dG-dC) (um-1st) takes almost 80 minutes! With pm-poly(dG-dC) the
first turnover takes about 10 minutes (pm-1st), each subsequent turnover
(pm-2nd and pm-3rd) shows a decrease in catalytic rates as a result of processivity and a gradual product dissociation that is described in the main text.
The reaction with poly(dG-dC) substrate shows initial lag (um-lag) that is
followed by a pre-steady state burst; i.e. a fast first turnover (um-1st) that is
followed by a slow product release (um-2nd). At the start, the difference in
catalytic rate between the two reactions is about 36 fold (um-lag 0.25 ± 0.04
h-1 vs. pm-1st 8.8 ± 0.6 h-1); however these two reactions start with different
catalytic processes that can not be compared directly. The reaction with
unmethylated substrate starts with the initial lag (um-lag) that represents a
slow relief from allosteric inhibition ([47] and Fig. 9), while the reaction
with pre-methylated substrates starts directly with methylation. Thus, the
initial lag has to be separated, and the two reactions have to be compared at
equivalent stages. In the first catalytic turnover the observed difference in
catalytic rate is about 5 fold (um-1st 1.7 ± 0.4 h-1 vs. pm-1st 8.8 ± 0.6 h-1). In
the subsequent turnovers, when slow product release dominates the catalytic
rates, the two reactions show principally identical rates (um-2nd vs. pm3rd). Different events in the catalytic cycle have to be separated for a meaningful comparison of different reactions and for an accurate description of
the underling mechanism. The presented analysis can explain variations in
reported differences in catalytic rates between pre-methylated and unmethylated DNA substrate. The reported difference in catalytic rates between
unmethylated and pre-methylated DNA vary considerably, namely 3-6 fold
[45, 47] , 3-20 fold [52], 7-20 fold [10], 5 - 30 fold [5], or 30-40 fold [49].
However, after corrections for different phases in catalytic cycle and steady
state approach (see the main text) the majority of Dnmt1 studies in the last
20 years show a very consistent difference of 3-6 fold [47]. The presented
analysis is likely to be valid for Dnmt1 reaction with different DNA substrates, except that the extent of each feature depends on DNA sequence,
preexisting methylation, enzyme saturation with its DNA substrate, or allosteric activity and assay design as described in the main text. For example,
the same phases can be observed with poly(dI-dC) substrates, but duration
of each phase is different due to different kinetic constants [47]. A full description of experimental procedures can be found in reference [47].
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Dnmt1 is in many aspects a unique enzyme, with unique experimental challenges. Dnmt1 shows nonlinear reaction profiles
(Fig. 7), exceptionally slow catalytic rates (Fig. 7), diverse allosteric activity (Fig. 8) and a complex processivity [48, 50]. The nonlinear reaction profiles indicate that multiple events are taking place
during catalysis. The slow catalytic rates are the result of complex
catalytic mechanism as indicated earlier (Figs. 3 and 4). For comparison, methylation rates for Dnmt1 are about one to two orders of
magnitude slower than methylation rates for bacterial cytosine carbon 5 DNA methyltransferases [47], and orders of magnitude
slower than the majority of metabolic enzymes. Nevertheless, the
slow rates are fully reproducible in all of Dnmt1 studies that have
been reported by different laboratories in the last 12 years [47]. We
start analysis of different catalytic features of Dnmt1 by following
the extent of enzyme saturation with its DNA substrate (Fig. 8), and
by tracing each catalytic turnover (Fig. 7), (i.e the time it takes for
an enzymatic reaction to produce 5mC sites in one equivalent of
enzyme concentration).
Michaelis-Menten kinetics in Dnmt1 Studies
Traditionally, “steady state approach” is used to describe enzyme affinity for its substrate (i.e. Michaelis-Menten constant,
Km), its turnover rates (i.e. kcat), order of substrate addition, and
enzyme inhibition [53]. “Steady state approach” is needed to facilitate quantitative analysis of enzymatic reactions, and it is based on
several assumptions: i) there is a large excess of substrate relative to
enzyme; ii) that measurements include multiple turnovers and linear
reaction profiles; iii) product inhibition and substrate consumption
are negligible, iv) catalytic process is homogenous it terms of substrate and its mechanism. The listed conditions are often impossible, or at least very difficult to achieve with slow enzymes such as
Dnmt1 (or other mammalian DNA methyltransferases [102, 104]).
For example, in Dnmt1 studies due to slow catalytic rates Dnmt1
concentration is comparable to the varied substrate concentration
(7-9, 11, 12, 24, 27, 55). Thus, competitive and noncompetitive
patterns in double reciprocal plots and the calculated Km, kcat, and
Ki constants reflect enzyme/DNA ratios and assay design rather
than kinetic properties of Dnmt1. Based on reported variations in
kinetic constants for simple reaction like Dnmt1 methylation reaction with poly(dI-dC) substrate, it is possible to estimate that a misuse of steady-state approach in Dnmt1 studies can lead to kinetic
constants that can be inaccurate by almost two orders of magnitude!
Accordingly, all of Dnmt1 studies that used steady state approach to
describe substrate affinity, order of substrate addition, or inhibition
by potential drug candidates [103] have to be reevaluated. A satisfying consensus between different Dnmt1 studies is found when
steady state kinetics is not used for data interpretation [47].
Inability to use steady-state kinetics in Dnmt1 studies requires
modifications in standard experiments that can be accomplished
with a help from numerical simulation (one simple example is
shown in Fig. 8). Catalytic rates in Dnmt1 reaction with different
DNA substrates should be measured as a function of increasing
substrate concentration until full saturation is achieved. It is important to pay attention that saturation is achieved in terms of enzyme
binding sites on its DNA substrate as well as in terms of CpG sites
[47]. Measuring Dnmt1 rates with increasing DNA concentration
can reveal the highest catalytic rates attainable with given DNA
substrate, and possibly allosteric inhibition (Fig. 8A), allosteric
activation (Fig. 8B), or a lack of allosteric activity. The same approach can be repeated in presence of different allosteric regulators
(Fig. 8C). In a case of a competitive inhibition, the inhibitor will
affect half saturation but not the maximal rates, if there is a pure
non-competitive inhibition the inhibitor will affect the maximal
rates, and finally an uncompetitive or a mixed inhibition will affect
both. This approach is similar to the routine steady state kinetics
studies, except that double reciprocal plots (i.e. Lineweaver-Burk
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plots) or steady-state equations can not be used for quantitative
analysis and data interpretation.
Using numerical simulations is possible to show that the ability
to see allosteric response depends on experimental design; i.e. enzyme and substrate concentration, binding constants for each site,
and the number and the relative distribution of experimental points.
Studies of allosteric regulation by DNA or RNA molecules other
than substrate DNA are the easiest to interpret (Fig. 8C). Also, it is
easy to recognize inhibition by substrate DNA when dissociation
constant for the active site is lower than dissociation constant for
the allosteric site (Fig. 8A). Difficult measurements are allosteric
activation by substrate DNA (Fig. 8B), or partial allosteric inhibition by substrate DNA when the allosteric site has lower dissociation constant than the active site (Fig. 8A). Also, profiles that do not
show clear evidence of allosteric activity have to be interpreted
with caution. A lack of allosteric response could be real, or a result
of inadequate experimental design. To address such uncertainties
allosteric activity should be analyzed using different enzyme and
substrate concentrations, or using Dnmt1 fragments [37, 42], or by
looking for other signs that accompany different types of allosteric
activity (such as initial burst or lag, See Figs. 7 and 9).
Pre-Steady State Burst, Initial Lag, and Allosteric Inhibition in
Dnmt1 Studies
Slow catalysis by Dnmt1 allows us to see transition between
different steps in the catalytic cycle as indicted by nonlinear reaction profiles (Fig. 7). Dnmt1 can show nonlinear reaction profiles
due to a pre-steady state burst, an initial lag, or processivity on its
DNA substrate. Each of those features represents a different function in the catalytic mechanism, and as such they depend on preexisting DNA methylation, allosteric regulation, or extent of enzyme saturation with AdoMet or its DNA substrate (Fig. 9). Different functions have to be separated for a meaningful analysis of catalytic mechanism. For example, there are considerable variations in
the reported difference in catalytic rates between unmethylated and
pre-methylated DNA substrates in Dnmt1 studies, namely 3-6 fold
[45, 47], 3-20 fold [52], 7-20 fold [10], 5-30 fold [5], or 30-40 fold
[49]. Those differences are sometimes attributed to different DNA
sequences and sometimes they are casually attributed to proteolytic
degradation that was caused during Dnmt1 purification [32, 52]. In
reality the differences can be attributed to different stages in catalytic cycle (Fig. 7) and steady state approach as indicated in the
earlier section.
A pre-steady state burst is observed with Dnmt1 and with bacterial DNA methyltransferases [45, 68, 105]. The pre-steady state
burst can provide insights in enzymatic mechanism (page 195 in
[53]), or it can be used to estimate often debated concentration of
active enzyme (pages 143-145 in [53]). Catalytic mechanisms that
can lead to a pre-steady state burst have been described in the literature (p. 195 in [53] or [106, 107]), and also, specific features of a
pre-steady state burst can be explored in detail using numerical
simulation like the one shown in Fig. (4F). Briefly, a pre-steady
state burst is observed when steps leading to the detection step are
faster than the subsequent steps (usually product release steps). In
methylation reaction with DNA methyltransferases and a radiolabeled AdoMet, detection step is incorporation of the radio-labeled
methyl-group into DNA substrate (i.e. methyl-transfer step, Fig. 3,
2->3). Thus, a pre-steady state burst is observed when methyltransfer step, or the steps leading to the methyl-transfer step, are
faster than the subsequent product release steps (i.e. target base
release, DNA release or AdoHcy release [66, 69, 108]). The same
reaction might not show a pre-steady state burst if different method
is used for analysis. For example, in some of the coupled assays
with DNA endonucleases detection step is DNA interaction with
endonucleases, and that step requires the slow DNA dissociation
from DNA methyltransferase. Coupled assays with DNA endonu-
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Fig. (8 A-C). Different types of allosteric responses by Dnmt1 and the associated experimental challenges can be summarized using numerical simulation.
These simulations are unique because substrate DNA and Dnmt1 are present in comparable concentrations as indicated in the main text. We analyzed allosteric
regulation by substrate DNA (A-B) and by DNA or RNA molecule other than substrate (C). Unless otherwise indicated in all panels the line without symbols
indicates reaction in the absence of allosteric regulation.
(A) Inhibition by substrate DNA. Allosteric inhibition can be complete (o) or partial (,). The shape of each profile depends on binding constant for the active
site and the allosteric site. When the active site has a higher binding affinity than the allosteric site, an increase in substrate concentration will lead to initial
increase in catalytic rates that is followed by a decrease in catalytic rates (, o). A less distinct curve is observed when the allosteric site has higher binding
affinity than the active site ().
(B) Allosteric activation by substrate DNA. A gradual increase in substrate concentration will result in a sigmoidal curve if there is allosteric activation by the
substrate (right curve no activation, left two curves show activation). A sigmoidal shape can be difficult to observe when there are only two binding sites, the
shape depends on binding constant, the extent of enzyme activation and on the number of allosteric sites.
(C). Allosteric regulation by regulatory DNA or RNA molecules that bind to Dnmt1 but can not be its substrate. Allosteric activity can be measured by following catalytic rates with increasing substrate concentration in the presence of different concentrations of regulatory DNA or RNA molecules. In the case of inhibition, the regulatory DNA or RNA molecule will decrease binding affinity for the substrate DNA (o) and (or) maximal catalytic rate (,). Opposite will be
observed in the case of allosteric activation (x). Interestingly, with Dnmt1 the allosteric inhibition can be complete () or partial ().
All curves in panels A and B were simulated using assumption that interaction between Dnmt1 and DNA is fast relative to the catalytic step (Fig. 4A). The first
binding was calculated using equation: [ES1i]=0.5*((Et+Kd1+Si)-[(Et+Kd1+Si)2-4*Et*Si]1/2), while the second binding was calculated using equation: [ES2i]=
0.5*((ESi+Kd1+Sii)-[(ESi+Kd1+Sii) 2-4*ESi*Sii]1/2). ESi is concentration of the first complex at initial substrate concentration Si, initial enzyme concentration
Et, and first binding constant Kd1. ES2i is concentration of the second complex when concentration of the first complex is ES1i (as calculated from the first
equation), substrate concentration is Sii = Si-ESi, and the second binding constant is Kd2. Observed rates were calculated using equation: ktot=k1*ES1 +
k2*ES2, where ktot represents the actual measured rate, while k1 and k2 are catalytic rate constants for ES1 and ES2 complex respectively. (A) all curves were
simulated using Et = 40nM and: () Kd1= 150 nM , Kd2= 400 nM, k1=1, k2= 0.3; () Kd1=400 nM, Kd2= 150 nM, k1=1, k2= 0.3; (O) Kd1= 150 nM, Kd2=
400 nM, k1= 1, k2= 0. (B) all curves were calculated using Et = 400 nM, Kd1=100 nM, Kd2 = 400nM, k1=1 and k2=1.05 or 1.3 for the second and the third
curve from the left. (C) all curves were calculated using the same approach as in panels A-B, except that Sii values from the second equation were replaced
with an initial concentration of a “regulatory” DNA/RNA that binds at the allosteric site (Ri value). Also, in these simulations Kd2 represents dissociation
constant for regulatory DNA/RNA. All curves were simulated using Et = 40nM, Ri = 500 nM and: (x) Kd1=150nM, Kd2=100 nM, k1=1 and k2=1.3 (i.e. allosteric activation); (O) Kd1=250 nM, k1=1, k2= 1, (i.e. allosteric modulation of only binding affinity for substrate DNA); () Kd1= 150 nM, Kd2= 400 nM,
k1=1, k2= 0.3, ( i.e. allosteric modulation of maximal rates only); () Kd1= 150 nM, Kd2= 400 nM, k1=1, k2= 0, (i.e. binding at the allosteric site leads to full
inhibition). Notice, that in the case of complete allosteric inhibition () a low level of catalytic activity can observed due to enzyme substrate complex that is
in equilibrium with enzyme substrate complex bound to allosteric inhibitor.

cleases are sometimes used in fluorescence FRET assays for high
throughput screening studies.
The burst is most pronounced with short oligonucleotides that
have one methylation site [45]. In such case product release has to
include AdoHcy release and DNA release. Processivity can affect
the shape of pre-steady state burst (Fig. 7 and [48]). Since the enzyme is not 100% processive only a fraction of enzyme molecules
will go through the slow product release step after each turnover
[48]. Thus, catalytic rates will decrease after each turnover proportionally to the fraction of enzyme molecules that goes through the
slow dissociation step. The result will be a gradual decrease in catalytic rates, and each catalytic turnover will represent a “small partial
burst”. Control measurements can show that such gradual decrease
in catalytic rates can not be attributed to other common causes of
rate decline such as product inhibition, enzyme decay, or substrate
depletion [48].
Initial lag is another kinetics tool that can be used to analyze
enzyme mechanism [107, 109]. In general, an initial lag can be
observed in enzymatic reaction as a result of assay design or as a

result of a slow enzymatic process at the start of catalysis [107,
109]. With Dnmt1, an initial lag is observed in reactions with unmethylated DNA substrates that show allosteric inhibition [25, 47,
54]. Control measurements showed that the initial lag with Dnmt1
can be attributed to a slow relief from allosteric inhibition [47] that
appears to be driven by AdoMet binding (Fig. 9). The initial lag,
and AdoMet driven relief from allosteric inhibition can be a
mechanism that protects the Dnmt1 from attacking the target base
in the absence of the cofactor, and thus protects the enzyme from
catalyzing mutagenic deamination as discussed earlier in the text.
In summary, the pre-steady state burst, the initial lag, and the
allosteric inhibition appear to be interconnected and a part of the
mechanism that leads to the start of catalysis by Dnmt1.
Processivity Studies with Dnmt1
Several strategies have been developed to study processivity of
Dnmt1, coupled assays with endonucleases [110], bisulfite sequencing assays [50], pulse-chase approach with 3H labeled DNA [48],
and analysis of reaction time profiles [48]. These assays make
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Fig. (9) A-C). A relief from allosteric inhibition and AdoMet binding can drive slow conformational changes that trigger Dnmt1 reaction with unmethylated
DNA substrate. (A) Previous studies [47] showed that saturation of Dnmt1 with unmethylated DNA substrate leads to allosteric inhibition and an increase in
the length of the initial lag (figure shows lag with 10 μM () or 260 μM (O) base pairs of poly(dI-dC) substrate). The control measurements indicated that the
lag can be attributed to the slow relief from allosteric inhibition at the start of reaction [47]. Interestingly, a decrease in Dnmt1 saturation with AdoMet leads to
an increase in allosteric inhibition (B), and an increase in length of the initial lag (C). Combined together, these three experiments suggest that at the start of
catalysis with unmethylated substrate Dnmt1 has a slow conformational change that is driven by AdoMet binding and by slow relief from allosteric inhibition.
Such conformational change can represent a slow transition that drives recognition of target sites. (A) Presented data are taken from Fig. (3A) in [47]. Briefly,
the enzyme activity was measured using 145 nM Dnmt1, 12.5 μM AdoMet, and 10 μM () or 260 μM (O) base pairs of poly(dI-dC). (B) Presented data are a
re-plot of Fig. (4A) in [52]. The original data were given as a double reciprocal plot (i.e. 1/rate vs. 1/[substrate]). The enzyme activity was measured using 2
nM Dnmt1, and 1 μM (), 2.6 μM (O), 5.0 μM (), and 20 μM () of AdoMet. ( C) presented data were measured as earlier described [47] using 110 nM
Dnmt1, 3 μM bp poly(dI-dC), and 2 μM (O) or 15 μM () of 3H-AdoMet (7100 cpms/pmol, 72 Ci/mmol).

qualitative studies of enzyme processivity almost a routine measurement; the remaining challenge is to highlight precautions that
have to be taken in processivity measurements, and to develop
quantitative analysis. Several examples can illustrate these challenges. First, several studies analyzed Dnmt1 processivity on unmethylated substrates [49, 50, 110], however numerous studies
showed that Dnmt1 reaction on unmethylated substrates (except for
poly(dI-dC)) is so slow that it is impossible to measure multiple
turnovers and processivity in those reactions ([45, 47, 50-52] and
Fig. 7). Second, catalysis by different Dnmt3 enzymes is even
slower than Dnmt1 reaction on unmethylated substrates [102], and
processivity studies with Dnmt3 enzymes [32, 111, 112] are not
possible. Third, it has been reported that Dnmt1 inhibition by potential drug candidates can inhibit processivity [103], however inhibitors of catalytic activity can inhibit processive and nonprocessive reactions equally. The true factors that control enzyme
processivity have to affect DNA dissociation rate with or without
effect on the turnover rate (see later in the text). Finally, processivity is often evaluated and quantitatively described based on the
number of adjacent methylation sites; however numerous nonprocessive scenarios can lead to closely spaced methylation sites,
and also, a highly processive enzyme might not methylate adjacent
methylation sites (Fig. 10). A well-designed processivity study is
shown by Vilkaitis and colleagues (Fig. 4 in [50]). The study
showed buildup of new methylation sites caused by processivity,
and more importantly, the study showed changes in the ratio between the fraction of methylated and unmethylated DNA that took
place within a time-span of several turnovers.
An enzyme is processive if its turnover rate is faster than its
dissociation rate for substrate DNA. For slow enzymes like Dnmt1,
turnover rates are controlled by its catalytic mechanism rather than
by its diffusion (sliding) on DNA substrate (Fig. 10). Processivity is
also a stochastic process, in each experiment we are looking at a
large population of enzyme molecules and not all of enzyme molecules will take the same number of processive steps on given DNA
molecule. The extent of enzyme processivity is controlled by the
ratio between its turnover rates, and its enzyme-DNA dissociation
rates:

P=

k
k + koff

The presented ratio represents processivity probability (i.e. if a
turnover rate is k = 9 h-1, and a dissociation rate is koff = 1 h-1, the
probability that enzyme will take the next turnover on the same
DNA substrate is 0.9 or 90%). The probability that enzyme will
process n number of steps is equal to Pn (i.e. if processivity in the
previous example is 90%, the chances that enzyme will make 5
methylation sites on the same DNA is (0.9)5= 0.59, or only 59%).
The factors that truly control processivity have to affect enzyme-DNA dissociation rates (koff values) with or without an effect
on turnover rates. Changes in enzyme-DNA dissociation rates can
be measured directly by standard competition experiments [106], or
calculated from processivity experiment by following enzyme dissociation from its initial DNA substrate [48]. With some modifications for a specific enzyme type the same equation can be used to
analyze processivity on DNA by different enzymes [53]. To this
day, the equation has been adopted to study processivity by DNA
terminal transferase [113], DNA helicases [114, 115] and DNA
methyltransferases [48]. For Dnmt1, a time course for a processive
methylation reaction can be described by equation:
i
l l
n
i

k
1 e(k+koff )t  e(k+koff )t   (k + koff )  t  +[ESo] kss  t
[P] = [ESo]
i

 i=1

l!
(k + koff ) 
l=1


Where [P] represents concentration of new methylation sites,
[ESo] represents concentration of enzyme molecules bound to substrate DNA, t is duration of measurement, n represents the number
of turnovers in a given time period t, and k and koff represent the
turnover rate constant and DNA dissociation rate constant respectively. The presented equation can be applied to any method that
was used to study processivity of Dnmt1 [48, 50, 110], as long as
the results are shown as a function of time. The first part of the
equation ([positioned in brackets]) represents a gradual accumulation of new methylation sites by all enzyme molecules before their
first dissociation from the original DNA substrate. The second part
(ESo·kss·t), shows late liner phase that can be attributed to multiple
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Fig. (10) A-B). Measurements of Dnmt1 processivity on its DNA substrate (enzyme (oval shape), DNA (helical chain), gray arrows (processive catalysis),
black arrows (distributive catalysis), methylation sites unmethylated (open squares), methylated (closed squares)). In a processive catalysis, an enzyme goes
through multiple turnovers without dissociation from the initial DNA substrate. Thus, the most basic requirement to show processivity is to show that after
multiple turnovers the enzyme did not dissociate from the initial DNA molecule. The easiest way to accomplish this is to show that a majority of new methylation sites is concentrated to a small fraction of total DNA (Fig. A). Contrary to some reports, a cluster of new methylation sites that is closely spaced on one
DNA molecule can not be an evidence of enzyme processivity (Fig. B). With long DNA substrates dissociation constant for Dnmt1-DNA complex is so low
(due to numerous binding sites) that in all practically situations Dnmt1 is always bound to DNA. If Dnmt1 and substrate DNA are present in similar concentrations (which is often the case), both processive (black arrows) and distributive catalysis (gray arrows) can cause clusters of methylation sites (Fig. B). Diffusion on DNA substrate is never a rate-limiting step for slow enzymes such as DNA methyltransferases. The sliding on substrate DNA is relatively fast process,
and the location of new methylation sites primarily depends on enzyme’s preference for specific DNA site and not on their physical proximity. Thus a high
processivity could easily lead to methylation sites that are randomly scattered over one DNA molecule. Dnmt1 shows kinetic preference for hemimethylated
sites relative to unmethylated substrates, and about 3 fold kinetics preference for CG sites imbedded in AT rich sequence relative to CG rich sequences [45].
Additional explanations can be found in the main text.

association and dissociation events. This seemingly cumbersome
looking equation can readily converge in nonlinear regression to
give the best fit values for turnover rates (k) and dissociation rate
(koff) with the low correlation coefficients between the best fit values [48, 114, 115].
All of Dnmt1 processivity studies agree that pre-methylated
DNA supports enzyme processivity, and the higher the methylation
density the higher processivity of Dnmt1 [50]. Interestingly, premethylated DNA substrates do not have allosteric inhibition [47],
and initial studies showed that allosteric inhibition leads to a decrease in processivity by Dnmt1 [48].
CONCLUDING REMARKS
It is often debated how to correlate enzymatic studies with purified Dnmt1 and DNA methylation in cells. In biomedical science
like in any other science, our ability to understand complex system
depends on our ability to understand system components. Thus, to
understand DNA methylation we have to understand enzymatic
mechanism of Dnmt1, first with purified Dnmt1 then in the presence of other interacting molecules. The difference between enzyme activity in cytosol and in purified protein solution is addressed in a number of excellent review articles [116-119] and in
numerous specific studies including a recent study by the author
[120]. Briefly, in cells enzymes function in highly concentrated
solution of macromolecules, this leads to molecular crowding and
excluded volume effects. Such conditions lead to lower solubilit y
of macromolecules, transitions to more compact macromolecular
conformations, and tens of kJ/mol of free energy in support of
protein-protein or protein-DNA interaction. Protein-protei n
and protein-DNA interactions are adapted to cytosolic conditions, and as such they are less stabile in solutions with purified proteins. For example, purified Dnmt1 (like many other DNA

binding enzymes) is inactive at ionic strength that is comparable to
the ionic strength in cytoplasm. Nevertheless, molecular crowding
conditions do not affect the major enzymatic properties that were
discussed in this manuscript, namely catalytic mechanism at the
active site, the number of DNA binding sites, enzyme’s predisposition for interaction with other molecules, or the functional consequences of those interactions. Rather, molecular crowding conditions affect the extent of intermolecular interactions and consequently the extent of functional properties that depend on those
interactions. As shown in this manuscript, the final conclusion
about biological process is always a combined result of cell based
studies and enzyme based studies. Cell based studies and biochemical studies are complementary, one can not replace the other. Thus,
enzymatic studies of Dnmt1 do not need to recreate DNA methylation in cells, such systems are already analyzed in the cell based
studies. Rather, enzymatic studies need to focus on different aspects
of enzyme function with a clarity that is impossible with the cell
bases studies. In summary, we have outlined the basic principles
that have to be taken in account when biochemical studies with
purified Dnmt1 are criticized as inadequate for analysis of DNA
methylation in cells [121], or when in-cell protein expression studies are suggested as a superior alternative [121]. In-cell protein
expression studies can not replace the studies with purified Dnmt1
since they lack the clarity that is required to understand biomolecular mechanism (uncertainty about Dnmt2 function is a good
example [122]). Also in-cell expression studies might miss crucial
molecular interactions due to inability to meet stoichiometric ratios
as a result of arbitrary expression levels.
In this manuscript we summarized known catalytic features of
Dnmt1 as well as remaining questions and exciting studies that
could come in the future. The experimental approaches that were
developed in the past can meet the future challenges. When all of
described precautions are taken in account, all of Dnmt1 studies
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that were published in the last 20 years appear consistent and independent from research group or Dnmt1 preparation [47]. In principle, technical features in assay design and data analysis are easy to
analyze if the study is based on the established methods for enzyme
mechanism studies (an excellent standard textbooks is [53]). The
most difficult to interpret, and the most inaccurate in their conclusions, are the studies that ignored established methods. For example, a good number of published Dnmt1 or Dnmt3 studies can not
be interpreted simply because they lack information about enzyme,
substrate or product concentration.

[29]
[30]

A standard assay for Dnmt1 activity can greatly facilitate our
ability to compare different Dnmt1 studies. Standard assays are
common in enzymology [123]. A good standard assay needs to be
robust, simple, inexpensive, versatile, and widely present in literature. Historically, Dnmt1 methylation reaction with poly(dI-dC) is
the best fit to this description. It appears that Dnmt1 methylation
reaction with poly(dI-dC) has all of the main features that can be
observed with other DNA substrates, but with different extent [47].
Poly(dI-dC) is not a natural substrate, and as such it is used only for
initial quantitative analysis in parallel with other DNA substrates as
shown in the past [42, 44-47, 50-52].

[37]
[38]
[39]
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